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Editor: Simon PollardHigh-quality drinking water from treatment works is degraded during transport to customer taps through the
DrinkingWater Distribution System (DWDS). Interactions occurring at the pipe wall-water interface are central
to this degradation and are often dominated by complex microbial bioﬁlms that are not well understood. This
study uses novel application of confocalmicroscopy techniques to quantify the composition of extracellular poly-
meric substances (EPS) and cells of DWDS bioﬁlms together with concurrent evaluation of the bacterial commu-
nity. An internationally unique, full-scale, experimental DWDS facilitywas used to investigate the impact of three
different hydraulic patterns upon bioﬁlms and subsequently assess their response to increases in shear stress,
linking bioﬁlms to water quality impacts such as discolouration. Greater ﬂow variation during growth was asso-
ciated with increased cell quantity but was inversely related to EPS-to-cell volume ratios and bacterial diversity.
Discolouration was caused and EPS was mobilised during ﬂushing of all conditions. Ultimately, bioﬁlms devel-
oped under low-varied ﬂow conditions had lowest amounts of biomass, the greatest EPS volumes per cell and
the lowest discolouration response. This research shows that the interactions between hydraulics and bioﬁlm
physical and community structures are complex but critical to managing bioﬁlms within ageing DWDS infra-
structure to limit water quality degradation and protect public health.
© 2017 The Authors. Published by Elsevier B.V. This is an open access article under the CC BY-NC-ND license (http://
creativecommons.org/licenses/by-nc-nd/4.0/).Keywords:
Drinking water distribution systems
Bioﬁlms
Extracellular polymeric substances (EPS)
Hydraulic patterns
Water quality
Terminal-restriction fragment length polymor-
phism (T-RFLP)artment of Civil and Structural
UK.
. This is an open access article under1. IntroductionDrinking water treatment works are routinely used to provide safe
drinking water and protect public health. The quality of water leavingthe CC BY-NC-ND license (http://creativecommons.org/licenses/by-nc-nd/4.0/).
Fig. 1.DrinkingWater Distribution system (DWDS) test facility. A) Pipe facility, with total
volume of 4.5 m3 comprising a 1.53 m3 tank and 3 loops of 200 m long, 79.9 mm internal
diameter high density polyethylene pipe into which Pennine Water Group (PWG)
coupons (Deines et al., 2010) were inserted (B) to allow sampling of internal pipe wall
surfaces, which comprised an insert for microscopy analysis and an outer coupon for
molecular analyses, dimensions as indicated.
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ity standards which set aesthetic and health-based limits for the pres-
ence of various micro-(biological) chemical and physical parameters.
Treated water is then transported to consumers through Drinking
Water Distribution Systems (DWDS) which are complex, heterogenic
pipe networkswith a vast surface area-to-volume ratio (11m2:1m3 cal-
culated for UK systems (Fish et al., 2016)). DWDS act as biological and
physico-chemical reactors changing anddegradingwater quality during
transport.
Globally, water discolouration is the leading example of aesthetic
degradation occurring within DWDS (Ginige et al., 2011; Vreeburg
and Boxall, 2007), which may also mask other, less-visible quality fail-
ures. The processes driving the accumulation and mobilisation of
discolouration material have been attributed to the formation and sub-
sequent release of cohesive-layers that attach to the pipe wall at
strengths inﬂuenced by the pipeline speciﬁc hydraulic conditions
(Boxall and Saul, 2005;Husband et al., 2008). These layers aremobilised
when the imposed hydraulic forces exceed the conditioning force
(Boxall and Saul, 2005) which in DWDS could occur following a burst
or an increase in demand.
Microbial (especially bioﬁlm) ecology is emerging as a key determi-
nant in the formation and behaviour of layers on pipe surfaces (Fish
et al., 2016; Husband et al., 2016). Bioﬁlms are assemblages of microbial
cells embeddedwithin a complexmatrix of extracellular polymeric sub-
stances (EPS) which comprises (primarily) carbohydrates and proteins
(lipids and extracellular DNA have also been detected but at lower con-
centrations; (Flemming and Wingender, 2010, 2001)) with (in)or-
ganics, including metals, potentially incorporated (Neu and Lawrence,
2009; Zacheus et al., 2001). EPS constitutes the most extensive part of
a bioﬁlm and has many functions, including providing structure and
mechanical stability (Neu and Lawrence, 2009). The hydraulics imposed
during bioﬁlm development are thought to inﬂuence accumulation/de-
tachment and also condition adhesive/cohesive strength.While various
studies have begun to investigate these processes, these are rarely con-
ducted within the context of DWDS (Vieira and Melo, 1999; Beyenal
and Lewandowski, 2002; Purevdorj et al., 2002; Simões et al., 2005).
In DWDS, bioﬁlms are exposed to hydraulic variations, which inﬂu-
ence boundary-layer hydraulics and exchange mechanisms (e.g. distri-
bution of inorganics and planktonic cells) at the pipe wall. DWDS
typically experience a double-peaked diurnal hydraulic pattern with a
low ﬂow (or stagnant) period overnight. However, much of the previ-
ous research regarding hydraulic and bioﬁlm interactions has investi-
gated steady state ﬂow rates, rather than varied ﬂow (VF) patterns
(Purevdorj et al., 2002; Rochex et al., 2008; Simões et al., 2003). It has
been shown in several such idealised bench-top studies that if the
shear stress applied exceeds the strength of the EPS, bioﬁlm will be
mobilised (Lehtola et al., 2006). Bioﬁlm mobilisation in real systems
could engender public health- and/or drive water quality-failures, due
to the detachment of cells and (in)organics concentrated in the EPS.
Such mobilisation is directly analogous to the cohesive-layer theory of
discolouration (Husband et al., 2016).
The impact that hydraulics have upon conditioning a bioﬁlm to resist
detachment (and hence causewater quality issues) is still debated (Abe
et al., 2012; Lehtola et al., 2006; Percival et al., 1999; Simões et al., 2005).
Some studies have found that greater turbulent ﬂows during growth
can condition bioﬁlms to be more resistant to detachment (Percival
et al., 1999), others have found the reverse (Abe et al., 2012). It has
been concluded that the changes in bioﬁlm characteristics under di-
verse shear stresses are due to differentmechanical requirements to re-
sist external forces and avoid detachment (Beyenal and Lewandowski,
2002; Purevdorj et al., 2002; Vieira andMelo, 1999). However, these re-
sults cannot necessarily be directly scaled-up and applied to real DWDS
as the hydraulics, bioﬁlm development and bulk-phase chemistrywith-
in the model systems are unrepresentative of full-scale DWDS. Addi-
tionally, these studies cannot determine the driving factor behind
bioﬁlm accumulation or conditioning, which could be average ﬂowrate, peak (maximum) ﬂow rate, low ﬂow rate or ﬂow variation. To ad-
dress the aforementioned issues an internationally unique, full-scale
DWDS test facility has been established at The University of Shefﬁeld,
providing an accurate replication of operational DWDS hydraulics
using different ﬂow patterns and enabling laboratory-level control of
bioﬁlm sampling (Deines et al., 2010; Douterelo et al., 2013; Fish et al.,
2015; Sharpe, 2012). Research using this facility has begun to assess
the impact of hydraulic pattern upon water quality (Sharpe, 2012)
and bacterial diversity (Douterelo et al., 2013) but crucially has not in-
corporated the interactions between hydraulics and the EPS. Further
understanding of the hydraulics-bioﬁlm (EPS and microbial communi-
ty)-water quality interactions is essential so that bioﬁlm formation
and detachment processes can be better understood tomore effectively
manage and safeguard drinking water quality and hence public health.
This is particularly important as infrastructure ages and DWDS must
cope with increasing and changingwater demand associated with pop-
ulation growth and climate change.
This study aimed to determine the impact of Steady State (SS), Low
Varied Flow (LVF) andHighVaried Flow (HVF)hydraulic regimes on the
quantity and composition of EPS and cells (referred to as physical struc-
ture) of DWDS bioﬁlms, as well as on variation in bioﬁlm bacterial com-
munity structure. Additionally, we aimed to investigate the effect of
elevated shear stress (pipe ﬂushing) on the potentially different bioﬁlm
structures and to quantify changes in associated discolouration ofwater.
2. Materials and methods
2.1. Bioﬁlm growth and hydraulic regimes
Bioﬁlmswere developed at 16 °C (representative of UK summer pipe
water temperatures) for 28 days within a full-scale, temperature con-
trolled DWDS experimental facility (Fig. 1), described in detail in Fish
et al. (2015). This system replicated the hydraulics (including
boundary-layer hydraulics), water chemistry, microbiology and ex-
change mechanisms of operational DWDS while enabling laboratory
level control of environmental parameters and sampling regime. The fa-
cility comprised three 203 m long loops of high-density polyethylene,
79.3 mm in internal diameter, with each loop representing an indepen-
dent experimental replicate (i.e. n = 3). Pipe loops contained multiple
573K. Fish et al. / Science of the Total Environment 593–594 (2017) 571–580apertures into which Pennine Water Group (PWG) coupons (Deines
et al., 2010) were inserted to provide a removable surface for sampling
of internal bioﬁlms (Fig. 1). Water from the local DWDS (sourced from
surface waters) was supplied directly to the facility from the trunk
main and pumped around the loops from an enclosed reservoir tank
with a system retention time of 24 h (i.e. a trickle turnover). Three con-
secutive hydraulic experiments were undertaken, with three replica-
tions of each. In each hydraulic experiment, water was pumped
around each of the three loops of the system (i.e. triplicates were con-
ducted for each experiment) following one of the three hydraulic pat-
terns shown in Fig. 2 – Steady State (SS), Low Varied Flow (LVF) or
High Varied Flow (HVF). The entire system was hyper-chlorinated be-
tween each hydraulic test and coupons were sterilised (Fish et al.,
2015).
To investigate the importance of average, minimum and maximum
ﬂow rates in shapingbioﬁlm structure and stability each regimewas de-
signed to have the same average ﬂow rate (0.4 ls−1) but different peak
(maximum) and low ﬂows (Fig. 2). LVF and HVF regimes were based
upon ﬁeld data from real DWDS but designed to have the same “night
time” ﬂow (0.23 ls−1, 0.25 Nm−2) with different peak ﬂow rates
(0.54 ls−1, 0.34 Nm−2 for LVF and 0.75 ls−1, 0.40 Nm−2 for HVF), to
provide an insight into the importance of the low ﬂow and peak ﬂow
periods in inﬂuencing bioﬁlm structure.
Various water quality parameters (Table S1) were monitored
throughout each experiment (triplicates were taken weekly). In all
cases bioﬁlms were sampled at Day 0 (sampled 60–90 min after com-
mencing the ﬂow pattern of the experiment; taken for comparison
with Day 28 to conﬁrmmaterial accumulation) and Day 28 for each ex-
periment (n= 9 each time point, with three coupons per loop sampled
without draining the system). The insert of the PWG coupon was used
to analysis bioﬁlm physical structure, via confocal microscopy and the
outer part was used for molecular analysis of bioﬁlm bacterial commu-
nity structure, as we describe previously (Fish et al., 2015).2.2. Bioﬁlm exposure to elevated shear stress
Following the development phase of each of the hydraulic tests (SS,
LVF or HVF) bioﬁlms were exposed to a series of three increasing shear
stresses (0.42, 1.75 and 2.91 Nm−2) by ﬂushing each loop of the facility
independently (detailed description in Douterelo et al., 2013) at three
increasing ﬂow rates (0.80, 3.20 and 4.50 ls−1) for three turnovers
(i.e. the time taken for the loop volume of water to be circulated three
times). The same water quality parameters monitored during growth
(Table S1) were monitored (n = 3) throughout the ﬂushing phase of
each experiment (SS, LVF and HVF). In particular, iron and manganese
(analysed via the ICPOES method, AlControl Laboratories, UK) were
measured after one turnover to detect material mobilisation into the
water column before dilution and determine any discolouration re-
sponse (these metals have been shown to be responsible for
discolouration) to the elevated shear stress occurring at the pipe wall.Fig. 2. Daily ﬂow patterns of the hydraulic regimes used in this study. All regimes had the same
ﬂow rate in UK DWDS for 75–100 mm diameter pipes (Husband et al., 2008).Bioﬁlm samples were taken at the end of the ﬂushing phase (n = 9,
three from each loop) for each hydraulic test (SS, LVF or HVF).
2.3. Physical structure analysis
Confocal laser scanningmicroscopy (CLSM) and digital image analy-
sis (DIA) were used to characterise the physical structure of Day 28,
Post-ﬂush and Day 0 bioﬁlms (only brief Day 0 results are reported as
littlematerialwas present). A detailed description of thismethod is pro-
vided in Fish et al. (2015). In brief, the inserts (n= 5, selected as a sub-
set of the n=9 due to time constraints) were ﬁxed in 5% formaldehyde
for 48 h and rinsed in phosphate buffer solution (PBS). The ﬁxed bioﬁlm
samples and controls (sterile inserts, n = 3) were then stained with
SYTO 63 to target cells, ﬂuorescein-5-isothiocyanate (FITC) to target
proteins and Concanavalin-A tetramethylrhodamine (Con-A) to target
carbohydrates (all stains from Molecular Probes, California, USA). It
should be acknowledged that Syto 63 stains intracellular as well as ex-
tracellular nucleic acids (e.g. Böckelmann et al., 2006). However, extra-
cellularDNA in EPS has been reported at very low concentrations and, as
is suggested in Ivleva et al. (2009), it is likely to be present in concentra-
tions below the limit of detection of stainingmethods (if present at all).
Therefore the Syto 63 stained nucleic acids are hereafter referred to in
terms of cells. Carbohydrates and proteins were stained as these are
the predominant components of the EPS (Flemming and Wingender,
2001; Gao et al., 2008; Wang et al., 2014).
Lambda-Z-stack images of the triple stained bioﬁlms (and controls)
were generated for ﬁve Fields of View (FOV) per sample, using an
LSM510 meta upright CLSM with a ×20 EC Plan Neoﬂuar objective
(0.5 NA) and unmixed to remove autoﬂuorescence using LSM510 soft-
ware (Kroto Imaging Facility, The University of Shefﬁeld, UK). Subse-
quently, DIA was used to median ﬁlter the images to reduce noise;
threshold the images (threshold values: SYTO 63 – 2401, FITC – 1701,
and Con-A– 1701); overlay and render unmixed images (including gen-
erating 3D images); calculate physical structure parameters and analyse
the resultant data set (Fish et al., 2015). A combination of Python v2.7.2
(www.python.org) and R v2.15 (RDevelopment Core Team, 2008)were
used for this analysis. The physical structure parameters which were
calculated were the volume (μm3 per μm2 area of bioﬁlm) of each
stained component (and subsequently the EPS – proteins plus
carbohydrates- and the total bioﬁlm-EPS plus cells-volumes); EPS-to-
cell ratio and carbohydrate-to-protein ratio to assess composition (vol-
ume of the ﬁrst parameter was divided by the second). A parameter
termed spread was used as a proxy for thickness as explained in Fish
et al. (2015) and ﬁnally, peak location, which was the location in the
Z-stack at which the greatest density of carbohydrates and/or proteins
was present relative to that of the cells.
2.4. Community structure analysis
Bacterial community structure was assessed using terminal-
restriction fragment length polymorphism (T-RFLP) communityaverage total daily ﬂow rate (0.4 ls−1) and shear stress (0.30 Nm−2), which is the average
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ing to the protocol detailed in Fish et al. (2015). In brief, bioﬁlm was re-
moved from theDay 28, Post-ﬂush andDay 0 outer coupons (n=9, and
n= 3 controls) by brushing into 30 ml sterile PBS and ﬁltering the sus-
pension through a 47 mm diameter, 0.22 μm pore nitrocellulose mem-
brane. DNA was extracted from the membrane using the proteinase K
chemical lysismethod (Zhou et al., 1996)with CTAB (hexadecyltmethyl
ammoniumbromide) incubation. Bacterial 16S rRNA geneswere ampli-
ﬁed by PCR using the primers 63F which was labelled with 6′ carboxy-
ﬂuorescein dye (6-FAM-CAGGCCTAACACATGCAAGTC) and 518R
(CGTATTACCGCGGCTGCTCG) (Girvan et al., 2003) – reaction and cy-
cling conditions as described in Fish et al. (2015) Bacterial amplicons
were digested with 10 U of AluI (Roche, Germany), as preliminary
tests showed AluI to be more discriminatory than CfoI. Amplicons
were desalted and denatured with hi-di formamide containing 0.5%
GeneScan™500 ROX™ internal size standard (Applied Biosystems,
Warrington, UK). Samples and controls were electrophoresed using an
ABI 3730 PRISM® capillary DNA analyser with POP7 (denaturing)
polymer.
T-RFLP electropherograms were analysed using GeneMapper® v3.7
(Applied Biosystems) to establish the size of each T-RF using the Local
Southern method (with reference to the size standards). For each ﬁn-
gerprint proﬁle the peak area and size of each T-RF was aligned using
T-Align (Smith et al., 2005) (conﬁdence interval 0.5 nt), then normal-
ised to exclude fragments that were b0.5% of the community proﬁle.
PRIMER-E v6.1 (Clarke, 1993) was used for multivariate analysis,
which included hierarchical clustering and nMDS plots. Ecological pa-
rameters were calculated relative to the proﬁles: richness, diversity
(using Shannon's index) and evenness (using Pielou's index).
2.5. Statistical analysis
Due to differences in the nature of the various datasets a range of sta-
tistical tests were applied, in all cases p-values (signiﬁcance level was
b0.05) are reported where relevant, along-side any other relevant
values speciﬁc to each test.
Physical structure parameters were not normally distributed, there-
fore they were compared using non-parametric statistics, speciﬁcally
Kruskal-Wallis (for comparison of N2 datasets, df = 2 in all cases, χ2
values presented in results) or Wilcoxon (for comparison of two
datasets, W values reported).
Bacterial community structures were compared using the multivar-
iate statistical tests Analyses Of Similarity (ANOSIM: global-R values
presented) and similarity percentages (SIMPER). Ecological indices
were compared statistically using ANOVA (for N2 datasets, df = 2 in
all cases, where p-values were signiﬁcant a Tukey HSD test was subse-
quently applied) or a t-test (for comparison of two datasets, t values
reported).
3. Results
3.1. Effect of hydraulic regime upon bioﬁlms after 28 days of growth
3.1.1. Water quality
Regular water sampling across the experiments showed full compli-
ancewith UK standards (Table S1) and no substantial differences there-
in (tested using KruskalWallis orWilcoxon tests) such that the greatest
variation between experiments was the hydraulic regime.
3.1.2. Bioﬁlm physical structure
The triple staining CLSM analysis revealed that under each ﬂow re-
gime, bioﬁlms were morphologically heterogenic, with cells, carbohy-
drates and proteins generally detectable in individual FOV but not
completely co-localised (e.g. Fig. 3). Bioﬁlm volumes (μm3/μm2) were
greater at Day 28 than at Day 0. Average (median) total bioﬁlm volume
increased by ﬁve-times under SS (Day 0= 120 μm3/μm2, Day 28= 600μm3/μm2), 36-times under LVF (Day 0= 2 μm3/μm2, Day 28= 76 μm3/
μm2) and 45-times under HVF (Day 0=9 μm3/μm2, Day 28= 409 μm3/
μm2), with SS Day 28 bioﬁlms having the greatest total biomass.
At Day 28, LVF bioﬁlms had the lowest volume of cells, carbohy-
drates or proteins (Fig. 3), whereas SS andHVF bioﬁlms had similar vol-
umes of cells and proteins, but carbohydrates were signiﬁcantly greater
in SS (Fig. 3B). Spread (a proxy for thickness) and peak location (the Z-
position of the maximum area covered, i.e. greatest density, of a partic-
ular component) were calculated to determine the distributions of the
cells, carbohydrates and proteins throughout the bioﬁlms (Table 1;
Fig. S1). At Day 28, LVF bioﬁlms had signiﬁcantly lower cell and protein
spreads (W ≤ 436.0, p ≤ 0.0454) than SS or HVF bioﬁlms (Table 1), fol-
lowing the trends in volume (reduced volume equated to a lower
spread). In Day 28 LVF bioﬁlms, the carbohydrate spread was similar
to SS (W = 252.0, p = 0.2467) but greater than HVF (W = 172.0, p
= 0.0099), despite HVF having a greater carbohydrate volume, indica-
tive of an increased carbohydrate density over a narrower depth in
HVF than LVF bioﬁlms. Hydraulic regime did not affect the peak location
of carbohydrates or proteins (χ2 ≥ 1.83, p ≥ 0.1099) which generally
occurred above that of the cells, nearer the bioﬁlm-water interface
(Fig. S1). At Day 0, there were no differences in the spread or peak
location of any stained component within bioﬁlms from each regime
(χ2 ≥ 1.97, p ≥ 0.1167).
Irrespective of hydraulic regime, Day 28 bioﬁlmswere dominated by
EPS rather than cells (EPS-to-cell ratio in Table 1). LVF bioﬁlms had the
lowest EPS volume but a signiﬁcantly higher proportion of EPS per vol-
umeof cells than the SS or HVF bioﬁlms (W≤ 105.0, p b 0.0001; Table 1),
which did not differ signiﬁcantly from each other (W = 378.0, p =
0.063). The EPS-to-cell ratios at Day 0 bioﬁlms were consistently b1,
demonstrating the predominance of cells over EPS and therewas no dif-
ference between the hydraulic regimes (χ2 = 0.26, p = 0.8786).
At Day 28, regardless of hydraulics, the EPSwas predominantly com-
prised of carbohydrate (carbohydrate-to-protein ratios all N1; Table 1).
However, proteins accounted for an increasing proportion of the EPS
volume following the sequence SS b HVF b LVF, with LVF bioﬁlms
being signiﬁcantly different from SS (W= 411.0, p = 0.0285).3.1.3. Bacterial community structure and diversity
Irrespective of hydraulics, bioﬁlm bacterial communities were more
complex at Day 28 than Day 0: a greater total number of different bac-
terial terminal-restriction fragments (T-RFs) were detected within Day
28 proﬁles (SS = 102, LVF = 122, HVF = 104) than at Day 0 (SS = 6,
LVF = 13, HVF = 4) and relative richness and diversity both increased
(Table 2).
Fig. 4A shows that at Day 0, bioﬁlm bacterial community structure
was very similar between the hydraulic regimes as the samples formed
a single cluster (aside from one outlier from SS). However, at Day 28,
community structure varied signiﬁcantly between the regimes, with
SS forming a single cluster that was distinct (global-R ≥ 0.865, p b
0.0001; average dissimilarity ≥84%) from the two VF communities
(Fig. 4), which did not differ signiﬁcantly from each other (global-R =
0.069, p = 0.1800). Day 28 LVF communities had a lower relative rich-
ness (ANOVA: p= 0.0128; Tukey: p= 0.0109), diversity (ANOVA: p=
0.0081; Tukey: p= 0.0067) and evenness (ANOVA: p= 0.0055; Tukey:
p = 0.0056) than SS communities but the ecological indices of LVF and
HVF bioﬁlms did not differ signiﬁcantly.
SIMPER analysis demonstrated that the majority (60%) of the varia-
tion between the SS and LVF or HVF communities was attributed to 37
T-RFs (8 exclusive to LVF, 10 exclusive to SS, 19 shared) or 33 T-RFs (7
exclusive to SS, 7 exclusive to HVF, 19 shared), respectively. The shared
T-RFs were present in bioﬁlms from both the compared regimes but at
different relative abundances.
Although LVF and HVF communities did not differ signiﬁcantly they
had an average of 63% dissimilarity, explained by 33 T-RFs, of which 28
were common to both, but present at different relative abundances.
Fig. 3. Effect of hydraulic regime on distribution of cells, carbohydrates and proteins within Day 28 bioﬁlms. SS = Steady State, LVF = Low Varied Flow, HVF= High Varied Flow. A) 3D
projection of example SS, LVF andHVF Day 28 bioﬁlms; plotting regions shown are 420 μm×420 μm×94.4 μm, 420 μm×420 μm×63.5 μmand 420 μm×420 μm×98.7 μm, respectively.
B) Variation in volume of cells, carbohydrates and proteins within bioﬁlms. Data are logged. Each data point represents a different FOV (n= 25 for SS and LVF, n = 24 for HVF). Box and
whisker plots show the range, interquartile range andmedian – indicated by the solid black line. For eachbioﬁlm component (cells, carbohydrates and proteins), plotswith different letters
are signiﬁcantly different from each other (W ≤ 616.0, p ≤ 0.034).
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3.2.1. Water quality response
During the ﬂushing phase of each of the hydraulic experiments the
only detectable, signiﬁcant and consistent water quality changes were
increases in the iron and manganese concentrations (Fig. 5). Flushing
of the LVF bioﬁlms resulted in lower increases in both iron (average in-
crease of 13.11 μg l−1) andmanganese (average increase of 2.86 μg l−1)
concentrations in water than occurred during the ﬂushing of the HVF
(average increase of 30.56 μg iron l−1 and 7.00 μg manganese l−1) or
SS (average increase of 48.89 μg iron l−1 and 7.78 μg manganese l−1)
bioﬁlms.3.2.2. Bioﬁlm physical structure response
Flushing did not remove all the bioﬁlm nor did it result in a homog-
enous Post-ﬂush structure; cells, carbohydrates and proteins wereTable 1
Volume ratios and spread values of stained cells, carbohydrates and proteins (EPS) in Day 28 a
median).
Hydraulic regime RatioA (AU)
EPSB:cells Carbohydrates:proteins
Day 28 Post-ﬂush Day 28 Post-ﬂush
SS 4.9 11.4 62.3 2977.6C
LVF 26.4 4.4 14.2 286.6C
HVF 2.0 1.7 33.2 75.5C
A The ﬁrst component is divided by the second; a value N1 indicates a greater volume of the
B EPS volume was calculated for each ﬁeld of view (FOV) by summing the carbohydrate and
C Due to protein volumes being undetected in some FOV, these ratios could not be calculated
D ND = not detected; proteins could not be detected in several FOV but where proteins wedetectable in bioﬁlms across the three regimes Post-ﬂush, but the SS,
LVF and HVF bioﬁlms were different from each other (Fig. 6).
Day 28 andPost-ﬂush bioﬁlmswere compared for each hydraulic re-
gime to determine any changes in physical structure due to ﬂushing. No
changes were detected in cell volume or spread for any regime (W
≥ 281, p ≥ 0.3569; Table 1). Carbohydrate volume and spread decreased
during the ﬂushing of the LVF bioﬁlms (W ≥ 168, p ≤ 0.0026) but no sig-
niﬁcant differences were found for SS or HVF bioﬁlms (W ≥ 243, p ≥
0.2611). Protein volume and spread decreased signiﬁcantly in all three
hydraulic regimes during the ﬂushing phase (W ≤ 206, p ≤ 0.0465;
Table 1). The volumes presented are per μm2, a far smaller surface
area than that of the pipelines being ﬂushed (~50 m2), therefore the
bioﬁlm volumes attached/mobilised from each pipeline would be
many magnitudes greater (1 m2 = 1012 μm2).
For SS and LVF conditioned bioﬁlms, the detachment of the EPS, par-
ticularly proteins, led to a decrease in the EPS-to-cell ratio Post-ﬂush
compared to Day 28 (Table 1, only signiﬁcant for LVF; W = 494, p =nd Post-ﬂush drinking water bioﬁlms from each hydraulic regime (average shown is the
Spread (μm)
Cells Carbohydrates Proteins
Day 28 Post-ﬂush Day 28 Post-ﬂush Day 28 Post-ﬂush
25.70 21.43 24.91 21.69 26.30 16.60
20.12 18.66 24.95 21.21 16.49 NDD
25.09 22.02 20.30 20.28 21.97 17.04
ﬁrst component; a value b1 indicates a greater volume of the second component.
protein volumes. SS = Steady State, LVF = Low Varied Flow, HVF = High Varied Flow.
in some instances so replication for SS, LVF and HVF is n= 21, n= 9, n=23, respectively.
re detected (n = 9) the median spread was 7.68 μm.
Table 2
Ecological diversity indices of the bacterial communities of bioﬁlms from each hydraulic regime at Day 0, Day 28 and Post-ﬂush; data shown is themean (and standard deviation), calcu-
lated from the relative abundance data of T-RFLP analysis of 16S rRNA genes.
Hydraulic Regime Relative richnessA Relative diversityB Relative evennessC
Day 0 Day 28 Post-ﬂush Day 0 Day 28 Post-ﬂush Day 0 Day 28 Post-ﬂush
SS 3 & 5D 37 19 1.04 & 3.48 2.76 0.89 & 0.97 0.96
(5) (9) 1.43D (0.13) (0.46) 0.95D (0.01) (0.02)
LVF 6 26 7 1.50 3.04 1.38 0.87 0.94 0.86
(2) (8) (6) (0.32) (0.36) (0.88) (0.04) (0.02) (0.07)
HVF 2 30 10 0.51 3.20 1.92 0.78 0.95 0.90
(1) (7) (7) (0.47) (0.27) (0.87) (0.08) (0.02) (0.08)
A Number of T-RFs.
B Shannon's index.
C Pielou's index.
D 16S rRNA genes could only be ampliﬁed from 2/9 samples, so an average could not be calculated, SS = Steady State, LVF = Low Varied Flow, HVF = High Varied Flow.
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with a signiﬁcantly greater carbohydrate proportion (Table 1) than at
Day 28 (W ≥ 59, p ≤ 0.0380). No signiﬁcant differences were detected
between the HVF carbohydrate-to-protein-ratios (W = 231, p =
0.4224). The peak locations of the proteins and carbohydrates were
generally unaffected by the ﬂushing, regardless of conditioning hydrau-
lics (W ≥ 270.5, p ≥ 0.0533) the Post-ﬂush EPS peaks remained above
that of the cells (Fig. S2).Fig. 4. Variation in bacterial community structure of bioﬁlms developed under the SS, LVF or H
shown were generated from relative abundance of T-RFs of 16S rRNA genes, analysed using B
presence/absence data (data not shown) Black lines indicate clusters of at least 40% similarity,3.2.3. Bacterial community structure and diversity responses
Post-ﬂush, the SS, LVF and HVF bioﬁlm bacterial community struc-
tures all differed (Fig. 4B; global-R = 0.536, p b 0.0001) and replicates
within a treatment were more divergent than at Day 28, indicating an
increase in the heterogeneity in response to elevated shear stress. In
contrast to Day 28, the Post-ﬂush LVF and HVF bioﬁlm communities dif-
fered signiﬁcantly (global-R = 0.246, p = 0.022) with an average of
85.38% dissimilarity, which was driven by 12 T-RFs, 7 of which were
common to the communities of both regimes but present at different
relative abundances.VF hydraulic conditions. A) Growth phase (Day 0 vs. Day 28). B) Post-ﬂush. nMDS plots
ray-Curtis similarity and cluster analysis. Similar plots were observed on analysis of T-RF
based on group averages from hierarchical clustering analysis.
Fig. 5. Concentrations of A) iron andB)manganese during theﬂushing phase of bioﬁlms developed under SS, LVF andHVF conditions. The average (n=3) concentrations (±one standard
deviation) at the end of one turnover of each of the three ﬂushing steps are plotted. As each loop had to be ﬂushed separately, the data is normalised to the mixing phase and plotted for
each independently; the details of the regression analysis are presented in Table S2.
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bacterial T-RFs was detected Post-ﬂush (SS = 101, LVF = 36, HVF =
38) than at Day 28 and bacterial richness (t ≥ 5.11, 11 ≤ df ≤ 13, p ≤Fig. 6. The effect of hydraulic regime upon the cells, carbohydrates and proteins within Post-ﬂ
projection of example SS, LVF and HVF Day 28 bioﬁlms, plotting regions shown are 420 μm
respectively. B) Volume is logged to show all data on the same scale. Each data point represen
the range, interquartile range and median – indicated by the solid black line. For each bi
signiﬁcantly different (W ≤ 588.0, p ≤ 0.0013).0.0004) and diversity (t ≥ 3.89, 9 ≤ df ≤ 11, p ≤ 0.0039) signiﬁcantly re-
duced (Table 2). This shift did not signiﬁcantly affect the relative even-
ness of the SS or HVF communities but the LVF Post-ﬂush communitiesush bioﬁlms. SS = Steady State, LVF = Low Varied Flow, HVF = High Varied Flow. A) 3D
× 420 μm × 47.0 μm, 420 μm × 420 μm × 37.6 μm and 420 μm × 420 μm × 61.1 μm,
ts a different FOV (n = 24 for SS and HVF, n = 25 for LVF). Box and whisker plots show
oﬁlm component (cells, carbohydrates and proteins), plots with different letters are
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Day 28 and Post-ﬂush communities differed signiﬁcantly (global-R =
0.313, p = 0.0001) with 58.83% dissimilarity according to SIMPER,
which was explained by 31 T-RFs of which 30 were common to both
sample points, indicating a reduction in the abundance of certain T-
RFs, rather than removal of T-RFs in response to the ﬂushing. LVF bacte-
rial communities also differed before and after ﬂushing (global-R =
0.451, p = 0.0040) with Day 28 and Post-ﬂush communities having
an average dissimilarity of 85.45%, driven by 21 T-RFs, 12 of which
were common at each sample point (6 were unique to Day 28 bioﬁlms
and 3 to Post-ﬂush). The HVF bioﬁlm bacterial community structure
was unaffected by the ﬂushing (global-R = 0.072, p = 0.1590), despite
the changes in ecological indices. This may indicate the removal of rarer
T-RFs which would lower the richness and diversity but not affect the
overall structure of the community to make a signiﬁcant change when
compared to Day 28.
4. Discussion and conclusions
This study presents the ﬁrst exploration of the interactions between
hydraulic pattern and DWDS bioﬁlms, importantly incorporating both
EPS and cell analysis. Previous studies have generally investigated the
impact of different constant ﬂow velocities upon bioﬁlms (Lemos
et al., 2015; Möhle et al., 2007; Purevdorj et al., 2002; Wagner et al.,
2009;Wang et al., 2014), rather than VF patterns. However, the ﬁndings
herein demonstrate that after 28 days of development bioﬁlm physical
and community structure clearly differed between SS and VF regimes.
Therefore, average ﬂow rate, which was conserved across the three re-
gimes,was not the primary selective pressure driving bioﬁlm character-
istics and hydraulic pattern exerted a signiﬁcant conditioning force. This
highlights the importance of accurately replicating DWDS hydraulics if
results are to be real-world applicable.
Compared to the VF regimes, SS facilitated the accumulation of
greater volumes of biomass likely because the bioﬁlms experienced no
hydraulic variation and therefore growth/development was undis-
turbed. Studies of wastewater (Wagner et al., 2009) or activated sludge
fed (2007) bioﬁlms and cell accumulation within the DWDS test facility
at Shefﬁeld (Sharpe, 2012) have also shown that lower ﬂow rates or
shear stresses (different steady states were tested) resulted in thicker
bioﬁlms. The unvarying shear stress of the SS regime also promoted
the formation of a more complex, diverse bioﬁlm bacterial community
(indicated by ecological indices) that was distinct from those observed
under VF conditions. Bacterial communities of freshwater (Rickard
et al., 2004) and industrial-water bioﬁlms (Rochex et al., 2008) have
also been reported to be more diverse when developed under lower
shear stresses. Conversely, Douterelo et al. (2013) did not detect differ-
ences between the bacterial communities of SS and VF conditioned
bioﬁlms. However, Douterelo et al. (2013) (and others previously
using the DWDS test facility (Sharpe, 2012)) tested different hydraulic
regimes simultaneously with a shared reservoir water supply, which
would impose mixing-effects and seeding/cross-contamination be-
tween conditions. In the study presented herein, this was been ad-
dressed by running each condition independently. Our results suggest
that, compared to the VF regimes, there was less selection pressure on
SS bioﬁlms, consequently, less EPS-per-cell was produced (particularly
in comparison to LVF) and bacterial communities were more diverse.
If the SS trends were to hold true for comparison of the LVF and HVF
bioﬁlms it would be expected that LVF bioﬁlms, which experienced less
hydraulic variation than HVF, would have greater amounts of bioﬁlm
but less EPS per cell than HVF bioﬁlms. However, the reverse was true,
LVF limited bioﬁlm accumulation, reducing bacterial diversity but pro-
moting EPS production per cell whereas HVF was associated with in-
creased biomass and bacterial diversity but less EPS per cell. The EPS
composition of LVF and HVF bioﬁlms also differed. Carbohydrates
were the dominant component of all the bioﬁlms, as has been reported
in other environments (Simões et al., 2005; Wagner et al., 2009), butLVF Day 28 bioﬁlms had a greater proportion of proteins in their EPS
than HVF (or SS), suggesting that protein synthesis was promoted. Hy-
draulic and protein interactions have not been fully explored for DWDS
bioﬁlms. Studies in other environments have recorded both negative
(Wagner et al., 2009) and positive (Simões et al., 2005) correlations be-
tween protein concentrations and ﬂow rates/velocity. The trends
discussed between the physical structure of the LVF and HVF bioﬁlms
are unexpected. However, a discolouration study by Sharpe (2012)
also found that HVF promoted cell accumulation (only cells were
analysed) compared to LVF and as the two regimeswere tested simulta-
neously any seasonal affects can be discounted. Therefore, it can be con-
cluded that the patterns in bioﬁlm structures are a true consequence of
hydraulic conditioning, although the exact processes driving the differ-
entiation in EPS and cell accumulation are not yet clear.
The development of greater biomass volumes at HVF than LVF could
be attributed to greater mass-transfer of trace inorganics and organics
(including cells) to the pipe-wall because of greater turbulence. Indus-
trial water-fed (Rochex et al., 2008), single-species (Dunsmore et al.,
2002) and non-chlorinated drinking water-fed (Sly et al., 1988) reactor
bioﬁlms have been found to accumulate morematerial undermore tur-
bulent conditions, supporting this theory. However, with the DWDS
bioﬁlms in this study, this seems unlikely because LVF and HVF ﬂow
rates were within 10% of each other for 14 h of each day. Furthermore,
although HVF had the highest peak ﬂow, in order to maintain the
same total ﬂow in 24 h the LVF had a higher ﬂow rate than HVF for a
total of 5:45 (hh:mm) compared to 4:34 (hh:mm), where the reverse
was true.
Under HVF, the diurnal peak in shear stress could have cyclically re-
movedmaterial, consistently “resetting” the bioﬁlm, promoting a youn-
ger physical structure with more cells but less EPS. Interestingly, the
greatest area density (assessed by peak location) of the EPS occurred
above that of the cells, i.e. nearer to the bulk-water, consistent with
our prior observations (Fish et al., 2015). Potentially, the peak of the
HVF removed the “top” layers of bioﬁlm which had more EPS, leaving
behind bioﬁlms with a reduced EPS per cell content. While this theory
would explain the (proportionally) less extensive matrix in HVF
bioﬁlms compared to LVF bioﬁlms, it does not explain the greater vol-
ume of material under HVF conditions. Simões et al. (2005, 2003)
found that less EPS (carbohydrates) formed per gram of bioﬁlm under
higher velocity conditions (0.532 ms−1 compared to 0.204 ms−1) but
respiratory activity was greater, indicating more cellular activity. Cellu-
lar activity was not measured in the current study but it is possible that
greater cellular activity occurred within HVF than LVF bioﬁlms, this
could explain increasing cell replication/growth andmaterial accumula-
tion. It is also plausible that the increased EPS production in LVF deplet-
ed resources available for growth/replication or led to death of the EPS
producing cells, further increasing the difference between LVF and
HVF bioﬁlm volumes. These results conﬁrm the observations of Kreft
andWimpenny (2001) that EPS production reduces the growth of pro-
ducers in a bioﬁlm growthmodel study. They also observed that due to
energy costs, the accumulation of EPS can decrease as synthesis rate in-
creases (Kreft and Wimpenny, 2001). Our ﬁndings lend support to this
for DWDS as HVF bioﬁlms producedmore EPS but accumulated less per
cell volume. Potentially the EPS producers were expending energy on a
matrix that was then cyclically removed but facilitated an increase in
abundance of non-producers while it was intact.
Despite their different physical structures LVF and HVF Day 28 bio-
ﬁlm communities were very similar, indicative of a shared selection
pressure upon community structure, although it is unclear whether
the conditioning force was ﬂow variation or the low ﬂow-period. LVF
and HVF communities were dominated by particular T-RFs (although
these were in greater abundances under HVF), which may correspond
to taxa that are better adapted to resisting variations in ﬂow than others.
For example, Rickard et al. (2004) found that freshwater bioﬁlms grown
within a high shear stress environment contained more auto-
aggregating than co-aggregating bacteria, the former of which have
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Elvers et al. (1998) established that less diverse populations produced
thinner bioﬁlms in photo-processing tanks and, in the current study,
LVF bioﬁlms were the thinnest and least diverse, conﬁrming this trend
for DWDS.
Unsurprisingly, at Day 28, regardless of hydraulics, EPS volumes
exceeded cell volumes and bacterial community structure was more
complex than at Day 0 (especially for SS bioﬁlms); these patterns are
commonly observed as bioﬁlms mature(Rochex et al., 2008; Wagner
et al., 2009). However, hydraulic regime appeared to inﬂuence the
rate of DWDS bioﬁlm maturation, a phenomenon also reported by
Rochex et al. (2008) who analysed reactor bioﬁlms developed under
different steady state shear stresses (0.055–0.27 Pa). Bioﬁlm develop-
ment follows a sequence of: primary/secondary adhesion, where diver-
sity is high and EPS synthesis begins; initial growth, where diversity
reduces due to increased competition and EPS production increases;
and maturation, where EPS is more developed providing a range of
niches and so diversity increases (Fish et al., 2016). Accordingly, al-
though only developed for a month, SS bioﬁlms could be described to
be the most developed bioﬁlms in this study, progressing the most to-
wards thematuration stage and supporting themost diverse communi-
ty, followed by the LVF bioﬁlms which had the least bacterial diversity
but the most EPS per cell and ﬁnally the HVF bioﬁlms which were the
least developed, with greater diversity than the LVF bioﬁlms but the
lowest EPS:cell ratio.
Previous studies have shown that higher turbulence or shear stress
conditions during development resulted in bioﬁlms that were more re-
sistant to detachment (Ohashi et al., 1999; Paul et al., 2012; Percival
et al., 1999;Wang et al., 2014) but these ﬁndings are based upon condi-
tioning bioﬁlms to steady state hydraulics in reactors or ﬂumes. Here,
we found that regardless of conditioning hydraulics, bulk-water iron
and manganese concentrations increased during the ﬂushing phase, in-
dicative of discolouration, but that the greatest increase was generated
under SS conditions. This trend has been previously observed at 8 °C
(Sharpe, 2012); systems that were conditioned to a 0.8 ls−1 steady
state ﬂow had a greater discolouration response than systems condi-
tioned to a VF regime, which had a peak ﬂow of 0.8 ls−1. These results
indicate that ﬂow variation is more important than a high ﬂow in limit-
ing discolouration and further demonstrate the need for research to
replicate and better understand DWDS hydraulics.
LVF conditions generated less discolouration than HVF, which could
be attributed to reduced EPS mobilisation and/or less prior incorpora-
tion of iron/manganese into the EPS of LVF bioﬁlms. Less iron and man-
ganese were found under 0.01 ms−1 than at 0.50 ms−1 in a reactor-
based study (Sly et al., 1988) but this previous ﬁnding cannot be
assessed for the DWDS bioﬁlms as inorganics at the pipe-wall were
not quantiﬁed. Abe et al. (2012) found that bioﬁlms developed under
lower shear stresses had greater mechanical strength and were more
resistant to detachment, potentially due to differences in EPS, governed
by the hydraulics during development. LVF bioﬁlms had the greatest
EPS-to-cell ratio and an extensive spread of carbohydrate, they also ex-
perienced the lowest difference in EPS volume before and after ﬂushing.
This observation could be a function of the reduced bioﬁlm accumula-
tion in LVF Day 28 bioﬁlms (so less material is present to be mobilised)
and/or greater adhesion due to the more extensive EPS. Critically, prior
DWDS bioﬁlm research has rarely quantiﬁed the proteins, which has
signiﬁcant implications when categorising a bioﬁlm as “stable”; cells
or carbohydrates may be unaffected by increased external forces but
this does not necessarily mean a bioﬁlm is “stable” - other components
may have been detached at detectable levels. Picioreanu et al. (2000)
found that increased bioﬁlm growth rate correlated with detachment
events, possibly because microorganisms preferentially used energy in
cell replication rather than EPS production and therefore were more
weakly adhered. Potentially the HVF bioﬁlms, which experienced a
higher growth rate than LVF, had a greater propensity to detach, thus
presenting a greater discolouration risk.Although a change in cell volume was not detected during ﬂushing,
bacterial communities (regardless of hydraulic regime) decreased in
their relative richness and diversity, indicating the loss of taxa and a
shift towards a more specialised community, likely better able to resist
detachment. Bacterial communities were the most stable in HVF
bioﬁlms, experiencing no signiﬁcant changes in structure despite the
changes in ecological indices, suggesting that rarer T-RFswere detached
which had low relative abundance. Möhle et al. (2007) also found very
little change in the bacterial (and carbohydrate) contents of municipal
wastewater bioﬁlms developed under higher shear stress
(0.037 Nm−2 within a rotating disc reactor) before and after gauging.
In contrast, Douterelo et al. (2013) detected differences in the HVF bac-
terial community both pre- and post-ﬂush, with members of the
Proteobacteria increasing, in particular. Possibly the greater sensitivity
of sequencing compared to ﬁngerprinting techniques detected these
subtle changes or the potential for cross-seeding between regimes in
the earlier study (previously discussed) masked the similarities pre-
sented herein. Interestingly, at Day 28 the LVF and HVF bacterial com-
munities were similar to each other but Post-ﬂush they were
signiﬁcantly different. Bioﬁlms from the two regimes had different
physical structures, therefore it is concluded that different EPS charac-
teristics, due to different hydraulic conditioning, caused the two com-
munities to respond differently to elevated shear stress.
Post-ﬂush bioﬁlms did not have a homogenous structure across the
three regimes but a strongly adhered layer of (predominantly) carbohy-
dratewith cells was consistently observed. The persistence of a strongly
adhered bioﬁlm base layer has been well documented in bench-top
scale studies (Abe et al., 2012; Lemos et al., 2015; Möhle et al., 2007;
Ohashi et al., 1999; Paul et al., 2012; Simões et al., 2005; Staudt et al.,
2004), some of which also established that this layer had a high carbo-
hydrate concentration, possibly because these molecules are central to
mechanical stability. However, many studies did not investigate pro-
teins so it is not possible to ascertain if the protein or carbohydrate con-
tent contributed more to the EPS. A continued bioﬁlm presence Post-
ﬂush provides an alternative surface for microbial attachment which
may facilitate the incorporation of secondary colonisers into the bioﬁlm
and provide an additional source of nutrients to the cells remaining
attached.
In conclusion, the complex patterns observed herein demonstrate
that there is no simple, linear relationship between hydraulic regime,
bioﬁlm characteristics and discolouration. However, hydraulics did con-
dition for different bioﬁlm structures, which subsequently present dif-
ferent discolouration risks, with SS bioﬁlms being distinct from VF.
This demonstrates the need for future bioﬁlm research to focus on the
impact of hydraulic pattern and not just on absolute ﬂow rate and high-
lights issues with extrapolating trends from studies using SS regimes to
real DWDS. Hydraulic pattern had a greater impact upon EPS than on
the composition of the microbial community synthesising it, therefore
monitoring the pipeline environment is crucial to predict the
discolouration risk that a bioﬁlm may present. Flushing did not
completely remove bioﬁlms but the bioﬁlm bacterial community struc-
ture did vary between thehydraulic regimes; HVF bioﬁlms had themost
stable community structure but the LVF regime conditioned for the low-
est discolouration risk. It can be argued as to which bioﬁlm characteris-
tics are most desirable. While HVF presents a greater risk of
discolouration if left unmonitored, the promotion of a younger bioﬁlm
with less EPS means that more material can be removed with targeted
ﬂushing, potentially leading to a cleaner pipeline. It could also be argued
that promoting the presence of a younger bioﬁlmmay result in a bioﬁlm
structure more susceptible to disinfection agents as EPS is accredited
with affording protection against disinfection.
Ultimately this study indicates that it is impossible to prevent bio-
ﬁlm accumulation within DWDS but that hydraulics could be used to
predict bioﬁlm behaviour or condition for “low-risk” bioﬁlms, thus facil-
itating a move from reactive to pro-active management of DWDS
bioﬁlms and water quality.
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